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Abstract

We tested the hypothesis that dissolved organic carbon (DOC) is degraded when filtered through permeable
shelf sediments. In a laboratory flume experiment the concave shape of DOC profiles observed in the upper 10 cm
of Gulf of Mexico sublittoral sands was reproduced by the combination of DOC filtration and production in the
sediment surface layer and mineralization and adsorption in the subsurface layer. Six percent to 14% of 13C-
labeled, highly degradable DOC was mineralized during filtration through 5.8-cm-long sand-filled column
reactors, up to nine times more than in dark, water-filled column reactors. Filtration through 50-cm-long sand
columns removed all highly degradable DOC pumped through the sediment, translating to fluxes of up to
379 mmol DOC m22d2 1, corresponding to DOC removal from an approximately 1-m—deep water layer each day.
Bacterial incorporation of 3C identified a diverse group of sedimentary aerobic and anaerobic microbes
processing DO13C filtered through sand columns, dominated by Gammaproteobacteria, Deltaproteobacteria,
Firmicutes, Bacteroidetes, and Planctomycetes. Excitation-emission matrix spectroscopy analysis of chromophoric
dissolved organic matter contained in diatom-derived DOC indicated that microbes preferentially removed
components around the fluorescence peak of tryptophan or protein-like substances, which may have the highest
nutrient value. Mass spectra analysis revealed that filtration through sand also removes a broad spectrum of
substances from less degradable humic and fulvic acid-like DOC and produces new DOC components. The
flushed sand layer between the water column and deeper anoxic sediment layers acts as an effective DOC filter,

with subsurface horizontal pore-water flows promoting decomposition of DOC.

An unresolved question in the global carbon cycle is the
fate of dissolved organic matter (DOM) in the shelf
environments, as only a relatively small fraction of the
DOM reaches the open ocean (Hedges 1992). DOM reaches
peak concentrations in the shallow coastal zone, where
rivers, decomposition of terrestrial particles, and high
productivity of marine organisms contribute large amounts
of organic matter to the DOM pool (Cauwet 2002; Cai et al.
2003). A major source of highly degradable DOM here is
pelagic and benthic photosynthesis, which benefits from the
terrestrial nutrient input. The shelf primary production
supplies ca. 30% of the total oceanic production (Jergensen
1996; Wollast 2002), and it is estimated that half of the fixed
carbon is routed through DOM during the decomposition
process (Kirchman 2000; Hansell and Carlson 2002).

Twenty-five percent to 50% of the organic material
produced on the shelf is degraded within the sediments
(Walsh 1991; Wollast 1991). Because a large fraction (ca.
70%) of the shelf surface sediments are relict sands (Emery
1968), highly permeable sediments are common in the inner
shelf. Thibodeaux and Boyle (1987) and Huettel and Gust
(1992) showed that boundary layer currents deflected by
sand ripples produce small pressure gradients that drive
water along curved paths through the surface layers of
these sediments, with water entering the ripple troughs and
exiting at the ripple crests. With the water, phytoplankton
cells, detritus particles, DOM, and electron acceptors (e.g.,
oxygen, nitrate, sulfate) are transported into the sand

* Corresponding author: mhuettel@fsu.edu

857

(Huettel and Rusch 2000; Huettel et al. 2007), while
decomposition products (e.g., carbon dioxide, sulfide,
nutrients) are removed from the bed with the emerging
pore water (Huettel et al. 1998).

Abundance and diversity of microbes in the surface
layers of permeable sediments exceed those of the overlying
water column (Hewson et al. 2001; Hunter et al. 2006; Mills
et al. 2008), indicating that in the sediment pores higher
decomposition activity and different enzymatic reactions
may promote DOM degradation. Analysis of the microbial
community colonizing permeable shelf sands revealed
phylotypes affiliated with the phyla Proteobacteria, Planc-
tomycetes, Cyanobacteria, Chloroflexi, and Bacteroidetes
(Rusch et al. 2003; Hunter et al. 2006). High relative
abundance of Gammaproteobacteria indicates that this
group may be poised to respond to short-term periodic
pulses of growth substrates such as that caused by the
advective pore-water flows (Mills et al. 2008).

Thus, the filtration of organic material through permeable
shelf sands is expected to promote decomposition of this
material, similar to the microbial oxidation of organic
matter via sand filtration in water purification plants or
wastewater treatment facilities. Slow sand filters have been
found to remove between 5% and 40% of dissolved organic
carbon (DOC) from previously untreated waters (Lambert
and Graham 1995; Rodgers et al. 2004). Such biologically
enhanced filter systems also have the ability to cleave
organo-metal complexes and surface active substances, often
present in contaminated waters (Piimpel et al. 2001). Liu et
al. (2003) reported that based on unit surface area, coarse
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Table 1. Experimental settings and results of the column experiments. Experiment I tested whether dissolved organic carbon (DOC),
derived from fresh marine diatoms and humic estuarine water, undergoes mineralization when filtered through permeable Gulf sediment.
Experiment IT used DOM produced from !3C-labeled diatoms to quantify DOM degradation. Experiment III assessed whether DOC
removal rates in the pore water differ from removal rates in the water column. Significance was determined by a two-way ANOVA and
refers to the difference between rates in sterile and natural sediment, unless otherwise stated.*

Experiment
Ta Ib Ic 11 IT1
Column length (cm) 10.6 50 50 5.8 5.8 and 42.1
Column inner diameter (cm) 5.7 5.7 5.7 5.7 5.7 and 1.25
Total volume (cm?3) 250.5 1276 1276 148 148 and 51.8
Pore-water volume (cm?3) 94.7 446.6 446.6 51.8 51.8
No. natural sand columns 2 1 2 4 6
No. sterile sand columns 2 1 0 4 0
No. water-filled columns 0 0 0 0 6
Blank procedure 2 Parallel columns Same columns 1 Parallel column  Same columns Same columns
before before and after  before
DOC source Diatom lysate Estuarine water Diatom lysate and  13C-labeled diatom !3Cg-pD-glucose
(Thalassiosira sp.) river water lysate
[DOC] initial (mmol L21) 500 615 616 227,20% 13C 500,17% 13C
Pump speed (mL h21) 506 3 466 4 5565 406 5 Sediment: 216 5,
556 5; water:
166 5, 606 5
Fluid front velocity (cm h2 1) 5.66 0.3 5.16 0.4 6.26 0.6 4.56 0.5 Sediment: 3.0, 5.6;
water: 13.0, 48.8
Experiment duration (h) 48 48 48 48 48
Sampling procedure Entry and exit every  Entry and exit Entry and 1 of 4 Entry and exit Every 1 h (fast) or
30 min every 2 h exits every 2 h every 1 h 2 h (slow)
Sampling time (h) 6 8 10 8 8
Runs 1 4 3 1 3
Parameters measured DOC, DIC, TN DOC, TN, DOC Total DOC and 13C-DIC
UHR FT-ICR MS DIC, 13C-DIC,
fluorescence,
microbial
community
DOC consumption (mmol L21 cm2! h)
10 15 3 12 12
Sterile 13.86 1.4 32.36 11.1 23.36 8.7
Natural 26.86 1.3 50.26 4.7 10 cm: 2 22.16 41.9 36.56 8.8
20 cm:  45.86 45.6
30 cm:  28.16 6.6
40 cm:  33.26 13.0
50 cm: 2 14.06 70.6
Test Yes (p# 0.05) Yes (p# 0.05) Yes (p# 0.05)
DIC production (mmol L21 ¢cm21 h)
Sterile 90.06 0.3
Natural 147.56 0.2
Test Yes (p# 0.05)
DII3C production (mmol L21 cm2! h)
Sterile 0.06 0.0
Natural 0.66 0.1 Water:
slow: 0.96 0.4
fast: 0.16 0.1
Sediment:
slow: 19.66 2.1
fast: 7.06 2.8
Test Yes (p# 0.05)  Yes (p# 0.05)
TN consumption (mMmol L2 cm21! h)
Sterile 1.96 0.2 13.96 0.6
Natural 2.560.3 56.46 0.7
Test Yes (p# 0.05) Yes (p# 0.05)

* TN, total nitrogen; DIC, dissolved inorganic carbon; UHR FT-ICR MS, Fourier transform ion cyclotron resonance mass spectrometry.
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solid phase extraction (SPE) cartridges (Varian BOND
ELUT-PPL, 200 mg, 3 mL). Previous studies (Dittmar et
al. 2008) have demonstrated that this particular SPE
material extracts between 60% and 75% of organic matter
in estuarine and coastal waters. More importantly, recent
experiments indicate that the PPL material captures most if
not all of organic matter that can be observed by negative-
mode Electrospray Ionization FT-ICR mass spectrometry
(unpubl.). Extracted DOC was eluted with methanol. Each
extract was then diluted in 50% ultrapure water and stored
in the freezer until analysis. Before introduction into the
mass spectrometer, acetonitrile (10 ni) was added as an
extra electron donor. Mass spectra were acquired with the
9.4 T FT-ICR MS at the National High Magnetic Field
Laboratory (Senko et al. 1996; Shi et al. 2000). Negative
ions were generated from a micro-electrospray source
equipped with a fused silica needle. Samples and calibrant
were infused at a flow rate of 0.5 nl. min2 !. The use of this
instrument to obtain ultrahigh-resolution mass spectra of
DOC has been described by Kujawinski et al. (2002),
Stenson et al. (2002), and Tremblay et al. (2007). The
chemical characteristics of DOM can be inferred by
comparing the measured spectra and calculated element
ratios with those of known biomolecules. It is important to
note that a compound whose elemental ratios associate it to
a specific group of molecules does not necessarily belong to
that group; this association simply means that the
elemental ratios of the compounds are similar.

Excitation-emission matrix spectroscopy (EEMS)—
Twelve entrance and exit sample pairs collected in
experiment II were analyzed for their fluorescence emission
spectra using a FluoroMax4 spectrofluorometer. The
EEMS data were analyzed with the FluorEssence software
and the Fluorescence Toolbox (version 1.91) created by
Wade Sheldon (University of Georgia). Emission spectra
were collected at excitation wavelengths ranging from 260
to 450 nm at intervals of 5 nm. Emission scans were
recorded from 300 to 520 nm over 2-nm intervals. EEMS
data were normalized to the intensity of the water Raman
scatter peak (397 nm). Fluorescence intensities were
recorded as scatter-corrected, calibrated data in units of
ng L2 1 quinine sulfate equivalents. The contour plots from
entrance and exit samples were compared to determine
changes in the composition of chromophoric DOM
(CDOM) between the samples.

Microbial analysis—Sediment samples from each of the
experiment II columns were taken before and after the
experiment for analysis of the bacterial community
composition using terminal restriction fragment length
polymorphism (T-RFLP) and analysis of a clone library
based on the heavy (i.e., 13C-enriched) fraction of genomic
deoxyribonucleic acid (13C-DNA Stable Isotope Probing
[SIP]). Extracted 13C- and 2C-DNA were separated by
density gradient centrifugation (Neufeld et al. 2007). A
total of 12 gradient fractions of 400 nl. volume each were
recovered, and their densities were measured using an
AR200 Digital Refractometer. DNA recovered from each
fraction was polymerase chain reaction (PCR)-amplified

for T-RFLP and sequence analyses using primers targeting
bacterial 16S rRNA genes, as described in Akob et al.
(2007). For T-RFLP analyses, the forward primer was
synthesized with a 59 fluorescent label (6-carboxyfluores-
cein, 6-FAM). Pairwise similarities between the T-RFLP
profiles from the 12 fractions were calculated from a matrix
of the presence or absence of terminal restriction fragments
and their relative abundance (e.g., percent of total peak
area) using a product-moment correlation distance matrix.
Cluster analysis based on this similarity matrix was
performed using the unweighted pair-group method with
arithmetic averages. Based on inspection of the generated
dendrograms, a single fraction, representing 3C-incorpo-
rated DNA, was chosen from each replicate core for further
analyses. These ‘heavy,” or labeled, fractions were PCR-
amplified as described above, but without fluorescently
labeled primers. The resulting PCR product was pooled
from reactions performed on two replicate cores and
ligated into the pPSMART® GC HK vector, and Escherichia
coli were transformed and grown according to the
manufacturer’s instructions. Picked clones were shipped
to Sequetech Corporation for sequencing using the
bacterial primer 518R (53ATT ACC GCG GCT GCT
GG-39 Muyzer et al. 1993). The sequence data were
inserted into a large phylogenetic tree of approximately
100,000 near—full-length 16S rRNA genes sequences within
the software package ARB (Ludwig et al. 2004). A subset
of the clone sequences and closely related sequences were
chosen, and all other sequences were removed while
retaining the overall tree topology. A distance matrix
generated from the recovered sequences was generated in
ARB. Percent coverage of the clone library was estimated
using Good’s method (Good 1953).

Results

In situ measurements—During our study period (June
2006-March 2007), DOC concentrations in the water over
the sediment ranged from 136 to 273 mmol L2! at the Gulf
site and from 240 to 302 mmol L2 at the Bay site. Pore-
water DOC concentrations in the extracted cores (stagnant
condition) integrated over the upper 12 cm of the perme-
able sands were a factor of 2.2 lower in the Gulf sands
(311-469 mmol L21) compared to the Bay sands (365-
1988 mmol L21), and averaged over the study period, these
concentrations exceeded water column concentrations 2.6
times (Gulf site) and 4.8 times (Bay site), respectively. The
lowest pore-water concentrations were recorded at both
sites during summer (July-September), and the highest
concentrations were recorded in winter (November—Janu-
ary). The general shape of the DOC depth profiles at both
sites remained relatively similar over time, showing a
concentration maximum in the surface layer (0-2 cm), a
minimum at 3-6 cm in depth, and increasing concentra-
tions below that depth, giving the profiles a concave shape
between 1 and 12 cm (Fig. 2).

DOC distribution in the flume core—The oxygen distri-
bution in the sediment (Fig. 3) showed that the distribution
of solutes in the sediment surface layers was controlled by
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Fig. 2.

(A, B) Average pore-water DOC concentration profiles analyzed in cores collected

during a time series from June 2006 to March 2007 at Gulf and Bay sites, respectively. (C) DOC
(solid circles) and TN (open circles) profiles measured in the flume. Note different depths and

concentration scales.

advective pore-water flows moving from the intrusion areas
upstream and downstream of the mounds to the release
zone at the downstream edge of the mounds. As a result of
this pore-water flow, phytoplankton additions, and the
activities of microphytobenthos, DOC concentrations
reached their highest concentrations in the upper 2 cm of
the sediment (8-12 mmol L2 1), with lower concentrations
below. At 4 cm in depth and deeper, DOC concentrations
increased again in some of the profiles (at distances 5 and
15 in Fig. 4). Total dissolved nitrogen followed a similar
distribution pattern. DOC and TN isolines showed the
deepest penetration of higher concentrations below the
water intrusion areas upstream and downstream of the
mounds, while upward bulging of the isolines below the
downstream edge of the mounds reflected the upwelling of
pore water with lower DOC and TN concentrations from
subsurface sediment layers. Peak concentrations were
reached under the downstream slope of the mounds, where
detrital material accumulated at the surface.

Fig. 3.

Column experiments—The column experiments show
that (1) diatom-derived and estuarine DOC were removed
and degraded while passing short distances through
permeable marine sediment, (2) DOC removal in the
sediment was faster than in the water column under dark
conditions (no photodegradation), and (3) pore-water
velocity affected the removal rate (Table 1).

Experiment Ia—The live sand removed about twice as
much (42%) as the sterile sand (20%) from the diatom-
derived DOC that was filtered through the 10.6-cm-long
columns, and this difference was significant (z-test, ¢ 5
22.89, p, 0.05 df 5 9, n 5 10). The rate of DIC
production in the natural sediment columns was signifi-
cantly higher (by a factor of 1.6) than that produced in the
sterile sediment columns (¢-test, t 5 43.87,p, 0.05,df5 9,
n 5 10). The natural columns also removed 1.4 times more
nitrogen from the pore water than did the sterile columns
(t-test, 5 11.25,p, 0.05,df5 9,1n5 10). The C: N ratios

Oxygen distribution in the flume sediment core at the end of the incubation

experiments based on oxygen profiles measured along a transect through each mound. White
areas indicate supersaturation caused by microphytobenthos photosynthesis. Curved black
arrows indicate pathway of water through the sediment.
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Fig. 6. Percent of DOC consumed during the passage
through the 50-cm column with Gulf sand. Results of the three
experimental runs are depicted by black, gray, and white dots,
respectively. The two circled dots are considered artifacts, caused
by clogging of the respective sampling ports, and were excluded
from the regression.

only very small amounts of DI!3C were produced in the
sterile sand (Fig. 7; 0.1% 6 0.1% DO!3C mineralized, a
significant difference: r-test, t 5 16.88, p, 0.05,df5 11,n
5 12). The amount of DOC that was removed from the
water flow by the sands was much larger than the DO!3C
that was mineralized in live sand (factor 61 [36.5 mmol
DOC L21 cm2! h21/0.6 mmol DI3C L2! cm2! h21];
Table 1; Fig. 7). The average rate of DOC loss in the
natural sands exceeded that in the sterile sand by factor of
1.6, similar to the findings in experiment 1.

EEM analysis of initially carbon-depleted water pumped
through the natural columns (blank run) revealed that the
sand released CDOM with an emission maximum between
330 and 360 nm when excited with ultraviolet light in the
short-wave range from 260 to 275 nm (Fig. 8). This
emission range includes the tryptophan-like or protein-like
peak, T, that occurs at Ex:Em 5 275:340 (Coble 1996).
The EEM spectra of the diatom-derived DOC solution
used for the experiment showed highest fluorescence in the
same area (320 and 380 nm), but peak values were
approximately two times greater than those of the blank.
After flowing through the natural sand, the fluorescence
peaks of the DOC solution in the T area were reduced to
about 30% of their height at the column entrance,
indicating that CDOM contained in the percolating
DOM was altered or removed during the passage through
the sand.

The clone library of 76 bacterial 16S rRNA gene
sequences (66 operational taxonomic units at a 97% cutoft)
generated from the 13C-enriched fraction of genomic DNA
extracted from the four natural sand columns revealed that
a highly diverse community of bacteria was involved in the
uptake of the labeled DOC (Fig. 9). The calculated
Shannon—Wiener index was 4.12, evenness 0.98, and

DO"*C mineralized (%)
o0

6_
4_
. i [
sediment sediment water
sterile live flushing: 50 27 60 16 mLh

Fig. 7. Percent of DO!3C mineralized, as calculated from the
concentration of DI3C in the column outflow. Left two columns:
experiment II; right four columns: experiment III. Error bars
depict standard deviations.

Simpson’s reciprocal index (1/D) 54.49. The active com-
munity comprised primarily bacteria from the taxa
Gammaproteobacteria (27 clones), Deltaproteobacteria (10
clones), Firmicutes (eight clones), Bacteroidetes (five
clones), and Planctomycetes (four clones). Many of the
sequences represent heterotrophic bacteria (e.g., Halomo-
nas, Vibrio species within the Gammaproteobacteria), but
putative photosynthetic organisms (e.g., Ectothiorhodospi-
raceae—photosynthetic purple sulfur bacteria) were also
detected and may indicate uptake of labeled carbon dioxide
released during oxidation of labeled DOC. Furthermore,
sequences highly similar to diatom chloroplast sequences of
the genus Thalassiosira were detected, representing DNA
from the organisms added to the columns as labeled DOC.
The statistical analyses (i.e., coverage according to Good’s
method: 21%; Chaol estimator: 666) showed that the clone
library coverage was limited. This is most likely due to the
presence of a large number of species present at low relative
abundance. An in silico analysis of the clone library
allowed putative identification of bacterial 16S rRNA gene
sequences corresponding to the seven dominant peaks
detected in the T-RFLP analysis of the heavy DNA
fraction. These peaks were matched to sequences from
the clone library by performing in silico digests of the
recovered sequences. Some peaks corresponded to only one
sequence type (i.e., OTU) in the clone library (e.g.,
Halomonas spp.—T-RF of 235 bases), while others
comprised multiple different sequences (e.g., T-RF of 193
bases included Vibrio spp., Bacillus spp., and uncultured
Gammaproteobacteria). Four sequences representing the
metabolically versatile sulfate-reducing family Desulfobac-
teraceae (Deltaproteobacteria) were detected in the clone
library but not in the T-RFLP analysis.

Experiment I1I—13C-labeled glucose was mineralized
significantly more quickly in the sediment pore water than
in an equivalent volume of water pumped at the same rate
through water-filled narrow-diameter mixing columns
(Fig. 7; t-test, t 5 1049, p , 0.05, df 5 11, n 5 12).
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Fig. 8. Experiment II. Excitation vs. emission (EEM) plots
with the T, A, M, and C peaks labeled for samples collected in
experiment II. (A) Blank run, (B) entry sample, and (C)
exit sample.

Mineralization rates in the sand exceeded those in the water
5.7 to 8.7 times. The average DI!3C concentration at the
outflows of the columns set to the slow flushing speed (59.1
6 6.3 mmol L21) was 1.5 times higher than that in the
columns with a 1.9-fold higher flushing rate (39.1 6
15.7 mmol L21), Likewise, DI!3C concentrations at the
outflows of the water-filled columns with slow flushing
(11.56 4.6 mmol L2, fluid front velocity 13 cm h2 1) were
2.0 times higher than in the water columns set to a 3.8-fold
higher flushing rate. When normalized to the same flushed
volume, the degradation rates in the sediment columns at
the low and high flushing velocities were similar (sediment
columns: 30.8 6 3.3 mmol L2! h2! and 37.8 6
15.1 mmol L2! h2!; water-only columns: 3.5 6
1.4 mmol L2! h21 and 6.7 6 3.8 mmol L21 h21).

Discussion

Throughout the study period, the sedimentary DOC
profiles at both study sites showed a concentration peak in
the sediment surface layer, decreasing concentrations down
to about 4 cm, and an increase of DOC below. The ensuing
concave shape of the profiles indicates two sources of
DOC, located in the surface layer and in the deeper
sediment layers, and a process that removes DOC from the
intermediate layer.

The concave DOC profiles found at the study sites could
be reproduced in the flume experiment (Fig. 2). Permeable
sediments filter particulate matter from the water column
(Huettel and Rusch 2000; Huettel et al. 2007), and the
Rhodomonas cells added to the flume water were trans-
ported into the sediment, where most particles were
trapped within the uppermost centimeter of the sand
(Huettel et al. 1996). Work by Kristensen et al. (1995)
and Kristensen and Holmer (2001) indicates that more than
90% of labile particulate organic material embedded in
marine sediments is decomposed within 3-6 weeks. Thus,
most of the organic matter added to the flume had been
degraded at the time of sampling, and the DOC and TN
distributions in the core (Fig. 4) represent a stage of
decreasing DOC: TN concentrations in the flume core.
DOM released during the degradation of the Rhodomonas
cells increased DOC concentrations within the surface
layer, and diatoms colonizing the sediment surface added
to the DOC through exopolymeric substance production
(Underwood and Smith 1998).

The pathway of the DOC through the sediment can be
deduced from the oxygen pattern that developed in the
flume sediment (Fig. 3), which is supported by the findings
of Ziebis et al. (1996) and Precht et al. (2004). As oxygen is
rapidly consumed within the sediment, the penetration
depth of the pore-water flows exceeded the 15-mm
maximum oxygen penetration, as also indicated by the
DOC distribution in the surface layer of the core. DOC and
TN concentrations reached their highest concentrations in
an approximately 2-cm—thick surface layer with decreasing
concentrations beneath, showing that this DOC removal
progressed under oxic and anoxic conditions (Fig. 4). In
several of the vertical concentration profiles, an increase of
DOC and TN could be observed at 4-5 cm depth, as a
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Fig. 10.

Influence of the dominant transport mechanism on sedimentary DOC profiles. (A)

In fine-grained deposits, DOC profiles show steep increases below the surface, as random
diffusive transport and release is slower than sedimentary DOC production. (B) Where
macrofauna enhances vertical exchange, the steep concentration gradient is destroyed by
bioturbation and bioirrigation, and in densely populated beds, relatively constant DOC
concentrations may be observed over the depth of the inhabited sediment layers. (C) In
permeable sediment, a dominance in horizontal transport and associated stimulation of
decomposition activities in the subsurface layer lead to a DOC concentration minimum below

the surface layer.

curved path, partly through anoxic sediment, to the
upwelling zone. For this DOC, travel time from infiltra-
tion to release zone was hours to days, in contrast to the
minutes required for the DOC moving rapidly through
the surface layer.

Path lengths through the pore space and velocity
differences have implications for the characteristics of
the DOC that emerges in the release zone. Percolation
through the experimental sand columns removed 37—
124 mmol L21! h21 of the DOC. These rates are similar to
those reported by Mermillod-Blondin et al. (2005), who
measured DOC consumption rates in river sediment that
ranged from approximately 42 mmol L2 ! h21 in the upper
1 cm to about 2 14 mmol L2! h2! in the lower sediment
layers (10-25 cm) for similar column lengths and percola-
tion rates. Langmark et al. (2004) reported a 10% loss of
total organic carbon from groundwater percolating
through sand columns, which we calculated as a removal
rate of 3.5 mmol L21! h2!, The results of our experiment
with the 50-cm—long column with sampling ports in 10-cm
intervals revealed that pore water flushed through the
column lost 24% of its original DOC concentration for
every 10 cm it traveled through the sand. The linear
relationship (Fig. 6) indicated a zero-order process. DOC
concentrations were not limiting at that column length, and
the changes in DOC composition while moving through the
sand had no distinguishable effect at the column length we
used. The tested path lengths and flow velocities are typical
for coastal sand beds with ripple topography, indicating
that degradable DOC (in this case from a local estuary)
could be completely consumed when moving with a fluid
front approximately 50 cm through the coastal sand.

Natural sands containing organic particles produce
DOC, which has to be considered when assessing the
removal rate of the DOC flushed through the bed. In our
column experiments, we used blank runs with DOC-
depleted water to assess this release; however, this
procedure may also leach DOC from the sediment as a
result of the artificial concentration gradient between

biofilms covering the grains and pore water. The experi-
ments with 13C-labeled DOC permitted tracing the
conversion of dissolved organic carbon to inorganic carbon
and microbial biomass. These experiments also demon-
strated that a short path of a few centimeters through sand
can significantly affect the DOC contained in water forced
through sediment ripples. In column experiment II,
filtration through 5 cm of sand mineralized 14% of the
DO13C within the 70 min the labeled solute needed to travel
through the column. DOC produced within the sediment
diluted the labeled DOC; therefore, these mineralization
rates should be considered minimum rates. More DOC is
removed from the pore water than is mineralized, as some
DOC is adsorbed to particles or converted to biomass while
passing through the sediment. Substantial DOC loss in the
sterile columns in experiments I and II indicates that
sorption can be significant; however, the sand for these
columns was combusted to remove all organic coatings,
which may have resulted in larger adsorption rates, as
might be expected from natural sediments.

Because more DOC was flushed through the columns
than could be consumed by the sand, an increase in
mineralization rate by a factor of 2.8 was observed when
pore-water flow was reduced by a factor of 1.9. The longer
exposure to the sedimentary microbial community enhanced
DOC mineralization, similar to the effect of a longer
pathway through the sediment described above. In coastal
environments with relatively high DOC concentrations,
DOC penetrating in the center of a ripple trough and
following a deeper path at lower velocities will be
decomposed more extensively than will DOC penetrating
into the sediment near the crest and traveling rapidly to the
release zone. Thus, the pore-water release zone at a sediment
ripple is characterized by a central area in which highly
degraded material is released from deeper layers flanked by
areas releasing less decomposed DOC that traveled only a
short distance through the sediment surface layer.

This effect of increased contact time of DOC to microbes
in the sediment also explains the higher mineralization rates
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of the plankton-derived DOC pumped through our columns
ranged from 10 to 16 h, supporting the hypothesis that the
sedimentary DOC degradation surpasses water column
DOC degradation in dark conditions.

A highly diverse community of bacteria was involved in
degrading of diatom-derived DO!3C, and clone library
analysis coupled with T-RFLP confirmed that many of the
key active organisms involved in carbon cycling were
identified, in agreement with our previous work (Hunter et
al. 2006; Mills et al. 2008) on the microbial ecology of
permeable sediments. Substantial overlap was observed
between the microbial groups catalyzing particulate organ-
ic matter and DOM degradation in Gulf of Mexico sands,
and many of the microbial taxa responsible for organic
matter degradation in the water column are also the
dominant taxa in the sedimentary degradation processes. A
growing database now indicates that the Gammaproteo-
bacteria, Planctomycetes, and Bacteroidetes groups are
important to the degradation of phytoplankton-derived
carbon in permeable marine sediments (Rusch et al. 2003;
Musat et al. 2006; Mills et al. 2008). Gihring et al. (2009)
observed that Gammaproteobacteria were the most active
bacteria involved in the degradation of fresh particulate
organic matter in the permeable sediment at our study site.
One significant divergence from the study by Gihring et al.
(2009) is the abundance of organisms detected in this study
that are putatively involved in the sulfur cycle: these include
sulfate-reducing bacteria from the family Desulfobacter-
aceae and photosynthetic bacteria from the family
Ectothiorhodospiraceae. These results show that aerobic as
well as anaerobic microorganisms can grow in the
permeable sands as a result of the changes in redox
conditions caused by the changes in pore-water flows.

The EEMS analysis of entry and exit samples from the
columns in experiment II revealed details of the sedimen-
tary microbial degradation of diatom-derived DOM. Exit
samples were generally lower in intensity than the entry
samples, especially in the areas of the T peak, Ex:Em 5
275:340 (Fig. 8), where the highest fluorescence was
observed in our samples. The T peak is associated with
tryptophan- and protein-like components that usually
originate from autochthonous production (Coble 2007).
The pronounced T peak area indicates that the diatom-
derived DOC used in this experiment contained a large
fraction of degradable material, and the observed
decrease in fluorescence in this area likely reflects
microbial decomposition activities (Amon et al. 2001).
Peaks A, C, and M, occurring at Ex:Em 5 270-
280:420-460, 320-360:420-460, and 290-310:370-410,
respectively, are indicative of more refractory humic-like
and marine humic-like substances (Coble 1996). Fluo-
rescence in the peak C and peak M areas was observed
in almost all of the samples and did not decrease as
much as the fluorescence in the T peak area. The
decrease of C and M area fluorescence may partly be
attributed to the sorption characteristics of humic-like
substances that can have a high affinity to quartz
surfaces (Pitois et al. 2008).

In contrast to the diatom-derived DOM, the analysis of
the riverine and estuarine DOM with ultrahigh resolution

mass spectrometry revealed that this DOM was largely
devoid of highly reactive components (i.e., compounds with
high H:C and low O:C ratios). This indicates a DOM
composition, which has lost its most bioavailable and
photoreactive fractions (Stenson et al. 2003). The loss of
4% of the formulas after column passage indicated that the
sand can adsorb or degrade components of this relatively
weathered material. In the formulas that disappeared, no
particular pattern could be detected that would indicate a
relationship between elemental ratio (i.e., chemical class)
and reactivity. However, the new formulas in DOM that
appeared in the column exit water had stoichiometries
similar to lignins and tannins, indicating that lignin- or
tannin-related substances of the original DOM were altered
without complete mineralization.

In permeable shelf sediments, flushing of the sand caused
by bottom current ripple interaction generates a filter layer
between the water column and those deeper layers that are
dominated by diffusion. The strong directed horizontal
transport component of this filtration process continuously
flushes the entire subsurface layer, in contrast to the local,
intermittent, and mostly vertical transport caused by
bottom dwellers in fine-grained beds (Fig. 10). As most
of the water filtered through permeable sediment is released
to the water column after only a few hours, this exchange
provides an effective mechanism for feeding fresh DOM
generated in the water column and at the sediment surface
to the subsurface microbial community. Advective pore-
water flows rapidly distribute this DOM throughout the
flushed sediment horizon, promoting microbial growth in
the subsurface layer (Fig. 11). In contrast to muddy
sediments, in which bacteria in subsurface layers have to
degrade refractory DOM, mainly under anoxic conditions
(Fig. 11), microbial communities in sand benefit from the
advective supply of oxygen, which promotes the decompo-
sition process. Ripples and surface layers of coastal marine
sands, thus, may act as efficient decomposers for DOM.
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